The stimulus*responsive materials found in biology are typically composed of precisely organized biomolecular networks that assemble, dissolve, and rearrange in response to specific molecular cues. 1*5 To create similarly responsive artificial materials many researchers have turned to DNA as its simple base*pairing rules support the ready design of precisely organized three*dimensional hydrogels. 6*13 Moreover, by incorporating aptamers, artificial sequences selected for their ability to bind specific molecular effectors, these hydrogels can be made responsive to many specific cues ("effectors"), including, to date, pH, 7,8 mercury, 9 adenosine, 9, 10 cocaine, 10 lead, 10 thrombin, 11 silver, 12 and sequence*specific endonucleases. 13 The simplicity with which responsive DNA hydrogels are designed and the potentially broad range of effectors to which they may respond have motivated significant study ( " , refs 7*13 ).
The majority of this literature, however, has proven rather qualitative, with little work having described, for example, the kinetics with which these hydrogels respond as functions of parameters such as the effector concentration, position within the hydrogel, or length scale over which dissolution is monitored. This is unfortunate because the development of strategies for the rational optimization of responsive hydrogels will likely require quantitative understanding of their physical properties. For example, although theoretical 14*16 and simulation*based predictions 17*24 and indirect experimental studies 25*30 regarding the interplay between molecular scale crosslinker dissociation and larger*scale mechanics exist, direct experimental tests of these relationships are lacking. 31, 32 In response, we demonstrate here methods for the measurement of the response kinetics of DNA hydrogels at length scales ranging from molecular through nanometer to hundreds of microns. As proof of principle we have employed these methods to measure the dissolution kinetics of a model aptamer*based hydrogel as functions of effector concentration and the depth (within the hydrogel) and the length scale over which dissolution is 4 observed. The resultant data provides a means of testing several previously predicted physical properties of such responsive hydrogels, demonstrating the utility of our approaches for improving our understanding of and ability to optimize this important class of materials.
As our model system we have employed a Y*DNA hydrogel architecture responsive to the effector adenosine. First described in 2009 by Cheng ., 7 these responsive Y*DNA hydrogels consist of networks of Y*shaped "monomers" (each containing three strands forming a double* stranded core with three pendant arms) crosslinked ( hybridization to a complementary sequence (Figures 1, S1 ). For our studies we used the 27*base adenosine*binding aptamer of Huizenga and Szostak 33 as this crosslink, rendering the resulting hydrogel responsive to this molecular stimulus. The DNA secondary structure prediction software Mfold 34, 35 predicts that this aptamer forms a stable hairpin conformation with a favorable free energy of 7.3 kJ/mol even in the absence of adenosine (corresponding to >90% of the population in the hairpin configuration). Mixing the aptamer (at 490 µM) with the two Y*monomers (185 µM each)
produces an observably thick, rigid hydrogel, consistent with previous 13 bulk rheological studies of analogous Y*DNA hydrogels (Figure 1 , B, C). The introduction of adenosine, which stabilizes the aptamer's hairpin*like "native" conformation, dissociates the crosslinks and thus dissolves the hydrogel (Figure 1, A) . As previously reported, this can be observed qualitatively by eye (see, " , refs 6*13 ). Our goal, however, is to instead develop quantitative methods of monitoring dissolution over multiple length scales.
Key to our studies is the ability to simultaneously monitor the gel's response to its effector over a wide range of length scales. Specifically, to measure the gel's molecular*scale dissolution kinetics we employ a trace (~1%) amount of aptamer modified by the addition of a fluorophore* quencher pair attached to its termini (Figure 1 , D, E). When the aptamer sequence is acting as a crosslink the fluorophore and quencher are separated by ~9 nm (14 base*pairs of double*stranded DNA and 13 bases of single*stranded DNA). 36 As this separation significantly exceeds the Förster radius of the fluorophore*quencher pair, emission is high Figure 1, D) . In the presence of adenosine, however, the aptamer's conformational equilibrium favors its dissociation and folding (into its adenosine*bound conformation), bringing the fluorophore into proximity with the quencher and reducing emission 33 (Figure 1 , E). Thus, fluorescence provides a ready means of monitoring dissolution at the molecular scale. To monitor dissolution at longer length scales we use passive rheology, a method commonly employed for measuring the mechanics of soft materials. 37 Specifically, we measure the mobility of beads (of diameter 210 nm to 3.2 m) embedded in the hydrogel as a function of time after the addition of an adenosine*containing solution to the top of a ~2 µl volume of gel in a simple, transparent flow channel through which the beads and aptamer fluorescence can be observed ( Figure S2 ). Initially, the intact hydrogel restricts the movement of the beads so that they "jiggle" in place only slightly in response to thermal fluctuations. As the network dissolves, the mobility of the beads increases, eventually reaching that expected for unhindered Brownian diffusion through water. Finally, whole*gel imaging provides a means of simultaneously monitoring the cooperativity of the dissolution process over the hundreds of micrometer field of view of our microscope.
Time*lapse images capturing the fluorescence of labeled aptamers indicate that the hydrogel's molecular*scale dissolution kinetics are biphasic, with a slow initial decrease in fluorescence (the "lag phase") followed by a near*exponential decrease (the "exponential phase") ( Figure 2 ). The lengths of both of these phases are strongly concentration*dependent. Specifically, at a depth of 1  2  3  4  5  6  7  8  9  10  11  12  13  14  15  16  17  18  19  20  21  22  23  24  25  26  27  28  29  30  31  32  33  34  35  36  37  38  39  40  41  42  43  44  45  46  47  48  49  50  51  52  53  54  55  56  57  58  59  60 450 µm within the sample, the lag phase " (here defined as the time required to reduce background*subtracted fluorescence by 5%) increases 3*fold from 1.6±0.4 min to 4.2±0.1 min as the adenosine concentration drops 70*fold from 14 mM to 0.2 mM. The lifetime (time constant) of the exponential phase (obtained by fitting the trace obtained after the normalized fluorescence has decreased to 75% of its initial value) depends still more strongly on adenosine concentration, increasing 7*fold (from 5.5±0.4 min to 38.3±0.1 min) over this same range (Figure 2, C) .
Correspondingly, the time required for the entire process (the lag and exponential phases acting together) to reduce the fluorescence to 50% of its initial value ( . ) likewise depends strongly on concentration, increasing 7*fold (from 5.3±0.6 min to 37.2±6.1 min) over this same range of effector concentrations.
Not surprisingly, the kinetics of dissolution also depend on the depth within the gel at which dissolution is monitored (Figure 3) . The dependence arises, however, solely due to changes in the lag phase; the lifetime of the exponential phase appears to be effectively independent of depth. In response to 6 mM adenosine, for example, the length of the lag phase increases 3*fold from (0.6±0.2 min to 1.8±0.1 min) as the depth within the sample increases from 300 µm to 600 µm, an effect that presumably arises due to the finite time required for the effector to diffuse into the material. 23 The lifetime of the exponential phases, in contrast, are effectively indistinguishable at all depths we have monitored (Figure 3, C) .
The final fluorescence we observe plateaus at near background levels after less than 150 min at all effector concentrations, suggesting that, at equilibrium, even the lowest concentration (0.2 mM) of adenosine we have employed leads to near complete dissolution of the hydrogel.
This observation was unexpected; binding must "outcompete" the hybridization of the aptamer to the monomers, which, based on zeroth order calculations of the DNA hybridization The near complete dissociation seen at 0.2 mM adenosine suggests, however, that the actual ' / is significantly less than 3 orders of magnitude above that of the free aptamer. This discrepancy likely arises largely due to the unfavorable entropic cost of arranging the Y*monomers and aptamer into the hydrogel network. 39 From the approximately five order of magnitude difference between the expected and experimentally estimated ' / of adenosine we estimate the additional "cost" associated with forming the hydrogel as 30 kJ/mol, which is roughly consistent with previous estimates of the entropic cost of forming such assemblies.
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While the dissolution of the hydrogel as measured over length scales of a few hundred nanometers to a few micrometers shares the same biphasic lag*and*exponential pattern as dissolution at molecular length scales, it is orders of magnitude slower and significantly more concentration*dependent. For example, when we employ the mobility of 1.0 µm beads as our reporter, the lag phase, which we define here as the time required for the mean square displacement to exceed 10% of that expected in buffer, increases more than 30*fold from 5.9±0.3 min to greater than 2 hr as the adenosine concentration drops from 14 mM to 0.2 mM (Figure 4 ).
The lifetimes of the exponential phase similarly increase from τ = 9.4±1.6 min at 14 mM to much greater than 2 hr at adenosine concentrations below 2 mM. The half*life of the overall dissolution process (defined for here as the time required for the mean squared displacement to reach half the value expected in buffer) correspondingly increases from . = 11.6±2.0 min to greater than 120 min at or below 2 mM (Figure 4 , C).
The nanometer*to*micrometer*scale dissolution kinetics of our hydrogels vary only modestly as a function of the size of the bead employed in the measurements ( Figure 5 ). Specifically, the half*time of the overall dissolution changes by only a factor of three (from . = 11.6±0.8 min to . = 29.5±1.7 min) as the bead diameter increases nearly 15*fold from 210 nm to 3.2 µm ( Figure   5 , C). The relatively weak bead*diameter*dependencies we do observe arise due to changes in the lag time, which increases about 3*fold (from " = 5.5±0.8 min to " = 15.8±1.4 min) over this same 15*fold increase in bead diameter. The lifetime of the exponential phase, in contrast, increases less than 2*fold (from τ = 23.0±1.5 min to τ = 34.8±2.9 min) over this increase. The increase in lag time with increasing bead size suggests that, early in dissolution, the mesh size of the gel increases to enable increased movement of smaller beads, while nevertheless remaining sufficiently intact to trap the larger beads. Once the mesh size has decreased sufficiently to enable the movement of larger beads, however, the network has approached complete dissolution, resulting in a relatively small difference in the exponential phase for the larger beads.
In addition to providing a measure of the dissolution kinetics and thermodynamics of the hydrogel, our approach also allows us to visualize the progression of its dissolution over time and space, thus providing an experimental view into the underlying mechanism ( Figure 6 ). The extent to which neighboring bonds affect each other in multivalent assemblies, for example, has long been an area of theoretical study 41,42 that we can test by looking for variations in dissolution 1  2  3  4  5  6  7  8  9  10  11  12  13  14  15  16  17  18  19  20  21  22  23  24  25  26  27  28  29  30  31  32  33  34  35  36  37  38  39  40  41  42  43  44  45  46  47  48  49  50  51  52  53  54  55  56  57  58  59  60 across our field of view. Doing so we find that the gel exhibits a steady, even decrease in fluorescence over the entire 169 µm by 169 µm field of view, suggesting that crosslinkers dissociate from this model hydrogel randomly over time. This observation stands in contrast to patterns we would expect to see if dissolution were highly cooperative with areas of initial dissolution propagating over time, which would presumably produce a patchy, punctate decreases in fluorescence, with dark spots forming and expanding at their edges, or a wave*front pattern in which dissolution progresses from one side to the other.
Our ability to measure both the hydrogel's molecular scale dissolution and the extent to which it inhibits the motion of nanometer*to*micrometer beads simultaneously also provides an opportunity to test prior theories relating a gel's crosslinking to its bulk mechanical properties, including gelation and percolation theory. 14*22 Key to this theory is the percolation threshold, 0 + , a unit*less parameter defined as the minimum fraction of intact crosslinkers for which there exists a continuous connected path through the gel. The theory predicts that above 0 + a power law relationship exists between the number of intact bonds and the mean square displacement of an object much larger than the gel spacing. Below this threshold, in contrast, the gel network structure is no longer sufficiently intact to trap such an object, and thus the mean squared displacement increases only moderately as the breakage of further bonds decreases the viscosity of the now liquid environment.
Simulations of mechanical properties of simple model gels 17*24 support this theory, as do some prior experimental studies that measured only the micron*scale dissolution of the gel without simultaneously quantifying the number of crosslinks ( , without measuring 0 + ). 25*30 The simultaneous measurement of both thus produces more quantitative testing of this theory. From these measurements we find that, for adenosine concentrations ranging from 2 to 14 mM, a plot 1  2  3  4  5  6  7  8  9  10  11  12  13  14  15  16  17  18  19  20  21  22  23  24  25  26  27  28  29  30  31  32  33  34  35  36  37  38  39  40  41  42  43  44  45  46  47  48  49  50  51  52  53  54  55  56  57  58  59 In contrast to the above observations, the behavior we observe at lower effector concentrations (below 2 mM) do not produce the same power*law*to*liquid transition. That is, even when >50% of crosslinkers are dissociated under these conditions, bead mobility remains low Figures 5 and 7). A possible explanation for the discrepancy is that the fluorescently labeled aptamer has a higher affinity for adenosine than does the unlabeled aptamer, and thus dissociates at lower concentrations. Control measurements performed using 25% labeled aptamer (as opposed to the 1% trace amount used in the experiments above), however, produce effectively identical micron* scale kinetics ( Figure S3 ), ruling out this hypothesis. Other hypotheses we have explored are that the decrease in fluorescence arises due to shear forces (from swelling due to the addition of liquid), or due to photobleaching. The addition of adenosine*free buffer, however, does not substantially alter fluorescence (Figure 2 ), arguing that these phenomena likewise fail to explain the observed decrease in emission. Given these results, we suspect that the different behavior 1  2  3  4  5  6  7  8  9  10  11  12  13  14  15  16  17  18  19  20  21  22  23  24  25  26  27  28  29  30  31  32  33  34  35  36  37  38  39  40  41  42  43  44  45  46  47  48  49  50  51  52  53  54  55  56  57  58  59  60 observed at high and low effector concentrations arises due to structural rearrangements that occur during slow dissolution. Specifically, studies of organic and biopolymer hydrogels have previously suggested that hydrogel networks can rearrange to distribute their intact crosslinks more evenly, increasing their mechanical strength. 43, 44, 45 We hypothesize that at sufficiently low effector concentrations the dissociation of the gel is sufficiently slow that similar rearrangements can occur, leading to a network structure that retains relatively high connectivity at lower crosslink densities. More detailed observations and analysis of this discrepancy could form the basis of a further study applying the tools we develop here.
The translation of a molecular*level response to a change in macroscale properties is key to the application of responsive materials in, for example sensors, 9*12 cell entrapment devices, 13 and controlled release systems. 1  2  3  4  5  6  7  8  9  10  11  12  13  14  15  16  17  18  19  20  21  22  23  24  25  26  27  28  29  30  31  32  33  34  35  36  37  38  39  40  41  42  43  44  45  46  47  48  49  50  51  52  53  54  55  56  57  58  59  60 Detailed methods and materials are online. Briefly, each Y*DNA monomer three subunit strands that hybridize to form a Y*shaped structure with a double stranded core and pendant single*stranded ends complementary to 7 and 8 bases on the 5' and 3' end of the adenosine* binding aptamer of Huizenga and Szostak. 33 We confirmed the successful synthesis of these monomers ( an agarose gel ( Figure S1 ). To synthesize the hydrogels we combined 1  2  3  4  5  6  7  8  9  10  11  12  13  14  15  16  17  18  19  20  21  22  23  24  25  26  27  28  29  30  31  32  33  34  35  36  37  38  39  40  41  42  43  44  45  46  47  48  49  50  51  52  53  54  55  56  57  58  59  60 exponential equation using the Matlab cftool (see SI methods). For plotting we averaged the normalized fluorescence of triplicates. To obtain the time constant of the exponential phase τ we fit the portion of the decay curve after fluorescence had decreased 25% from the maximal value to a simple exponential equation using Graph Pad plotting software. We manually extracted .
and " for each trace and averaged replicates. We confirmed that labeled and unlabeled aptamer dissociate with similar rates by comparing the micron*scale dissolution rate of gels containing 1% and 25% labeled aptamer Figure S3 ).
We obtained bead tracks using the particle tracker function on Bitplane Imaris software. We calculated the square change in separation over between two consecutive frames for all pairs of beads present in both frames and separated by a distance less than 10x the bead diameter for the (the time at which the MSD is equal to half that expected in buffer) and " (the time at which the MSD is equal to 10% that expected in buffer).
We fit the portion of the MSD vs time curves after " and fit each to simple time delayed exponential equations in GraphPad to obtain τ. To obtain plots of mean square displacement as a function of fluorescence intensity ( , as in Figure 7) , we employed the mean square displacements between individual pairs of consecutive frames rather than those binned over 1  2  3  4  5  6  7  8  9  10  11  12  13  14  15  16  17  18  19  20  21  22  23  24  25  26  27  28  29  30  31  32  33  34  35  36  37  38  39  40  41  42  43  44  45  46  47  48  49  50  51  52  53  54  55  56  57  58  59  60 multiple time points, then averaged both mean square displacement and fluorescence intensity at given times for multiple replicates to obtain the curves we plot.
We 1  2  3  4  5  6  7  8  9  10  11  12  13  14  15  16  17  18  19  20  21  22  23  24  25  26  27  28  29  30  31  32  33  34  35  36  37  38  39  40  41  42  43  44  45  46  47  48  49  50  51  52  53  54  55  56  57  58  59 1  2  3  4  5  6  7  8  9  10  11  12  13  14  15  16  17  18  19  20  21  22  23  24  25  26  27  28  29  30  31  32  33  34  35  36  37  38  39  40  41  42  43  44  45  46  47  48  49  50  51  52  53  54  55  56  57  58  59 1  2  3  4  5  6  7  8  9  10  11  12  13  14  15  16  17  18  19  20  21  22  23  24  25  26  27  28  29  30  31  32  33  34  35  36  37  38  39  40  41  42  43  44  45  46  47  48  49  50  51  52  53  54  55  56  57  58  59 60 1  2  3  4  5  6  7  8  9  10  11  12  13  14  15  16  17  18  19  20  21  22  23  24  25  26  27  28  29  30  31  32  33  34  35  36  37  38  39  40  41  42  43  44  45  46  47  48  49  50  51  52  53  54  55  56  57  58  59 1  2  3  4  5  6  7  8  9  10  11  12  13  14  15  16  17  18  19  20  21  22  23  24  25  26  27  28  29  30  31  32  33  34  35  36  37  38  39  40  41  42  43  44  45  46  47  48  49  50  51  52  53  54  55  56  57  58  59  60 2. The adenosine responsive hydrogel exhibits biphasic dissolution kinetics when the dissolution is monitored over molecular length scales. (A) A close up plot of the first 15 min after the addition of adenosine illustrates the concentration dependent lag phase in the response of a trace of fluorophore modified aptamer in the hydrogel. (B) This is followed by a concentration dependent exponential dissolution phase. Note: we observe near complete dissolution even at the lowest adenosine concentration we have employed. (C) The lag time, (defined here as the time needed to decrease the initial fluorescence by 5%), the lifetime of the exponential phase, τ (determined after the fluorescence has decreased by 25%) and, thus, the half time of dissolution all increase monotonically with decreasing adenosine concentration. 1  2  3  4  5  6  7  8  9  10  11  12  13  14  15  16  17  18  19  20  21  22  23  24  25  26  27  28  29  30  31  32  33  34  35  36  37  38  39  40  41  42  43  44  45  46  47  48  49  50  51  52  53  54  55  56  57  58  59 Figure 3. Due to effects on the lag phase, the kinetics of the molecular scale dissolution of DNA hydrogels depends strongly on depth below the surface at which the observations are made. The exponential kinetics observed after the lag phase, in contrast, are effectively independent of depth. (A) The length of the lag phase (defined here somewhat arbitrarily as the length of time before fluorescence decreasing to less than 95% of the starting value, with results and conclusions presented not depending significantly on the choice of this threshold) increases monotonically with increasing depth. (B) After this initial depth'dependent lag phase, the fluorescence decreases with similar kinetics at all depths. (C) The lag time increases from 0.6±0.2 min at 300 µm to 1.8±0.1 min at 600 µm. The lifetime of the exponential phase (fit when fluorescence has decreased by 25%), however, are effectively indistinguishable. 1  2  3  4  5  6  7  8  9  10  11  12  13  14  15  16  17  18  19  20  21  22  23  24  25  26  27  28  29  30  31  32  33  34  35  36  37  38  39  40  41  42  43  44  45  46  47  48  49  50  51  52  53  54  55  56  57  58  59 Figure 4. (A) As is true of its molecular scale dissolution, the micron scale dissolution of the hydrogel exhibits biphasic behavior in which an initial lag phase is followed by (B) near exponential behavior. Notably, very little increase in mobility (here as probed by monitoring the mobility of 1.0 $m diameter beads) occurs even after 120 min in response to lower than 2 mM adenosine. (C) The lag time increases from = 5.9±0.3 min at 14 mM adenosine to longer than 120 min at 0.2 mM adenosine. The lifetime of the exponential phase ranges from τ = 9.4±1.6 min to τ = 14.0±1.0 min at 14 mM and 6 mM respectively. At concentrations ≤ 4 mM, the bead motion does not reach the plateau value within the experimental time frame, preventing the extraction of characteristic exponential time constants and rendering it difficult to estimate dissolution half times. 1  2  3  4  5  6  7  8  9  10  11  12  13  14  15  16  17  18  19  20  21  22  23  24  25  26  27  28  29  30  31  32  33  34  35  36  37  38  39  40  41  42  43  44  45  46  47  48  49  50  51  52  53  54  55  56  57  58  59 Figure 5. Dissolution measured by 210 nm, 1.0 µm, and 3.2 µm beads, i.e., dissolution measured at these length scales, show a pattern of a lag phase (A) followed by exponential (B) behavior. The curves for smaller beads are shifted to the left, suggesting earlier dissolution at shorter length scales. (C) Quantitatively, the lag time increases about twofold from = 5.5±0.8 min for 210 nm beads to = 15.8±1.4 min for 3.2 µm beads. Likewise, the lifetime of the exponential phase increases with increasing bead size, from τ= 23.0±1.5 min for 210 nm beads to τ= 34.8±2.9 min for 3.2 µm beads. 1  2  3  4  5  6  7  8  9  10  11  12  13  14  15  16  17  18  19  20  21  22  23  24  25  26  27  28  29  30  31  32  33  34  35  36  37  38  39  40  41  42  43  44  45  46  47  48  49  50  51  52  53  54  55  56  57  58 59 60 1  2  3  4  5  6  7  8  9  10  11  12  13  14  15  16  17  18  19  20  21  22  23  24  25  26  27  28  29  30  31  32  33  34  35  36  37  38  39  40  41  42  43  44  45  46  47  48  49  50  51  52  53  54  55  56  57  58  59 1  2  3  4  5  6  7  8  9  10  11  12  13  14  15  16  17  18  19  20  21  22  23  24  25  26  27  28  29  30  31  32  33  34  35  36  37  38  39  40  41  42  43  44  45  46  47  48  49  50  51  52  53  54  55  56  57  58  59 1  2  3  4  5  6  7  8  9  10  11  12  13  14  15  16  17  18  19  20  21  22  23  24  25  26  27  28  29  30  31  32  33  34  35  36  37  38  39  40  41  42  43  44  45  46  47  48  49  50  51  52  53  54  55  56  57  58  59  60 
